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Freshwater mussels are the most imperiled group of freshwater invertebrates
globally. Recent research suggests a better understanding of mussel feeding ecology may
facilitate and improve conservation efforts. The use of stable isotopes is becoming an
increasingly common method to study aquatic food webs. Carbon (C) and nitrogen (N)
are two of the most frequently employed elements in food web studies. Differences in
natural abundance of 13C/12C can indicate which food sources are the basal sources of
carbon incorporated into a consumer’s tissue, while the ratio of 15N /14N provides a
method of assessing trophic position within a food web. Attached macroalgae, including
the genus Cladophora, may be the dominant primary producers in running water systems.
Cladophora, however, has not yet been indicated as a prominent assimilated food source
for freshwater mussels. The overall purpose of this study was to assess if the diet of two
common Green River mussel species, Amblema plicata (Say) and Elliptio dilatata
(Rafinesque) were influenced by the seasonal change in availability of Cladophora
during a summer-autumn rapid growth period. Two specific questions were asked: 1) Are
the assimilated diets different between control and treatment areas, and 2) are the
assimilated diets influenced by differing Cladophora levels across the study period? A
mesocosm approach was employed in order to manipulate Cladophora levels within a
treatment area. Seventy-two mussels, 36 each species, were sampled across four months,
ix

twice between control (= reach-scale, heavy Cladophora cover) and treatment (= localscale removal of Cladophora) areas. The freeware program, IsoSource, a concentrationweighted linear mixing model, was used to determine the potential contribution of
potential food sources to the diet of both mussel species. IsoSource revealed that
Cladophora was the primary assimilated food source for both species across the study
period. Although assimilated diets were not different between control and treatment
areas, diets were, however, influenced by Cladophora availability across time. The
results of this study indicate that, during bloom conditions, Cladophora is the primary
carbon source for both A. plicata and E. dilatata and may form the base of food webs in
the upper Green River.
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Introduction
The molluscan superfamily Unionoidea is distributed globally in fresh waters
(Strayer, 2008). At the continental scale, North America currently supports the highest
proportion of known species (35% or ca. 300) with > 90% of species distributed east of
the Rocky Mountains (Graf & Cummings, 2010; Haag, 2010). The southeastern U.S., in
particular, easily dominates regional species richness (Neves et al., 1997; Graf &
Cummings, 2007). The individual states with the largest total number of native species
are Alabama (175), Tennessee (131), and Kentucky (103) (Grabarkiewicz & Davis,
2008). Within Kentucky, over 70 species are known from the Ohio, Cumberland, and
Green River Basins (Slone et al., 2009).
Mussel biology, feeding behavior and trophic ecology
Freshwater mussels are found either partially or entirely burrowed in benthic
sediments in lentic and lotic habitats (Cummings & Mayer, 1992). Adults are largely
sedentary and remain near where they first successfully settled in the larval glochidial
stage for their entire lives (Watters, 1992). Mussels use their large muscular foot for
locomotion, either vertically to burrow deeper into sediments, or horizontally in a distinct
path. Vertical movement is typically seasonal with downward movement during autumn
and reappearance at the surface in spring (Amyot & Downing, 1991; 1997). Horizontal
movement occurs only within a few meters at most and is associated with day length and
during spawning (Amyot & Downing, 1997). Substrate and flow regime preferences are
species-specific, ranging from sand to large cobble and from upland streams to fastflowing low-order reaches to large rivers and lakes (McDonald, 2011). It has been
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observed that species occurring in one type of habitat will often be found in very different
habitats at another location (Coker et al., 1921; Strayer, 2008).
Freshwater mussels have a peculiar and complex life cycle. Most species are
sexually dimorphic but a few species are hermaphroditic (Strayer, 2008). Mature eggs in
the female pass from the ovaries to the superbranchial chambers. Males release sperm
and females draw water in containing sperm into their gills where the eggs are then
fertilized. The eggs become attached by mucus to the water tubes in the gills where they
develop into 0.1– 0.4 mm-wide larval glochidia. One female may produce several
thousand glochidia. When a mussel releases her glochidia depends upon the species.
Traditionally, dispersal strategies have been divided into two categories: bradytictic (or
long term breeders), which hold their larvae throughout the winter and release them the
following spring or summer, and tachyticic (or short term breeders), which release larvae
later in the same year (e.g. Amblema plicata Say). This categorization, however, was
challenged by Watters and O’Dee (2000) who asserted that reproductive strategies were
more complicated than the traditional definitions would suggest. Individuals of a single
species may employ different strategies. For example, Elliptio dilatata (Rafinesque) may
have multiple releases in the same year, which could result in a brood that overwinters on
its fish host (Watters & O’Dee, 2000). Most species of freshwater mussels do require a
host fish during the parasitic larval portion of their life cycle and tend to be host-specific
(McGregor & Alexander, 2008). There is at least one species of mussel, Simpsonaias
ambigua (Say), that uses the amphibian, Necturus maculosus (Rafinesque) (= mudpuppy)
as its host (Barnhart et al., 1998).
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Glochidia can be either internal parasites, encysting on a host’s gills, or external
parasites, on a fish’s fins (Cummings & Mayer, 1992). Mussels employ a variety of
unique strategies to get their larvae onto hosts. Some females release glochidia directly
into the water while others display a modified mantle tissue resembling a prey item which
acts as a lure to a host fish. When the fish nips the mantle, the mussel closes quickly,
squirting a stream of water and glochidia into the fishes’ mouth. Some species release
their glochidia in a single mass called a conglutinate, which may look like a small worm,
fish, or insect. When a fish feeds on these conglutinates, some glochidia are released and
become attached to the fish’s gills. Once a glochidium has attached itself to a fish host, it
quickly becomes completely enclosed or encysted. The glochidium may take a few weeks
or several months to transform into a juvenile stage, depending on the species. Once the
glochidium has developed into a juvenile mussel, it drops to the stream bottom, where it
will reach sexual maturity in 1 to 4 years. Mussels probably have the longest life span of
any of the freshwater invertebrates. Some of the thicker-shelled riverine species may live
20 to 60 years (Slone et al., 2009). Some suggest, however, that mussel life spans have
been largely underestimated and that they may live as long as 200 years (Anthony et al.,
2001; Strayer, 2008).
A juvenile mussel will “pedal feed”, using its foot to dislodge food particles from
the sediment and sweeping them into its mantle cavity (Gatenby et al., 1996). Pedal
feeding will occur for approximately 120 days, depending upon the species (McDonald,
2011). The traditional view of mussels as primarily filter feeders was challenged by
Raikow and Hamilton (2001), who used isotopic analyses and found that bivalves were
assimilating 80% deposited and 20% suspended materials, suggesting mussels were
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feeding directly on fine benthic sediments. Nichols et al. (2005) demonstrated that, in
addition to filter-feeding, bivalves are also very adept at obtaining organic matter from
the sediment and do so by using non-siphon areas such as the anterior shell valve edge
and mid-ventral point of the shell. These studies, as well as other recent food studies,
provide evidence that mussels are consuming a combination of nutrient-rich bacteria
from the sediment (Nichols & Garling, 2000) and suspended algae and detritus
(McMahon, 1991; Slone et al., 2009).
Freshwater mussels have been described as ecosystem engineers because they
transfer energy and cycle nutrients, linking multiple trophic levels (Vaughn et al., 2008).
Conspecific and other organisms benefit from the ways in which mussels modify their
habitat (Gutierrez et al., 2003; Spooner & Vaughn, 2006). The way mussels feed directly
influences other ecosystem processes (Vaughn et al., 2008). Hydrologic residence time is
a major factor affecting the amount of food mussels are able to filter from the water
column (Strayer, 1999). Mussels potentially have the most influence in streams where
their biomass is high relative to water column volume and current velocity (Strayer,
1999). Vaughn et al. (2008) argue that mussels may have a robust influence in stream
reaches when their biomass is high and hydrologic residence time is long, and that
ecosystem functioning should change if there is a decrease in mussel biomass.
Mussels assimilate only part of the organic matter they consume (Ostroumov,
2005). The consumed materials that aren’t assimilated, however, are not lost from the
food web to respiration or burial. Instead, they are deposited on surface sediments in the
form of feces or pseudofeces (Strayer et al., 1999). Thus, part of what mussels ingest is
not of direct use to them but can reenter the ecosystem (Ostroumov, 2005). Both
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suspension feeders and deposit feeders benefit from this cycling of matter (Howard &
Cuffey, 2006).
The excretory waste products of mussels, or “biodeposits”, are a potentially
important source of nitrogen (Roditi et al., 1997; Greenwood et al., 2001) and phosphorus
(Nalepa et al., 1991). Primary producers benefit from these nutrients that mussels excrete
and release as solutes (Nalepa et al., 1991; Davis et al., 2000; Howard & Cuffey, 2006).
Algal biomass accrual (Lohman et al., 1991; Dodds, 2002) and algal community structure
(Hecky & Kilham, 1988; Borchardt, 1996) are influenced by nutrient availability.
Vaughn et al. (2004) predicted that more nutrients would be excreted when abundant
algae were available for mussel consumption.
Mussel conservation
Freshwater mussels are arguably the most imperiled group of freshwater
invertebrates globally (Ricciardi & Rasmussen, 1999; Strayer, 2008; Atkinson et al.,
2010). Williams et al. (1993) stated that 213 of North America’s mussel taxa are either
threatened, endangered, or of special concern mainly a result of habitat destruction and
degradation from dams, channel modification, siltation, anthropogenic toxins and the
introduction of nonindigenous mollusks.
In Kentucky alone, nearly 20% of the fauna have become extirpated and about
40% more are considered rare or endangered (Slone et al., 2009). Twenty-two species
have been listed by the U.S. Fish and Wildlife Service (USFWS) as endangered
(Cicerello et al., 1991; Williams et al., 1993). Ten species in particular are listed by
USFWS as federally-endangered that are either still sporadically-distributed within, or
extirpated from, the Green River: Cyprogenia stegaria (Rafinesque) (= Fanshell),
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Epioblasma obliquata obliquata (Rafinesque) (= Catspaw), Epioblasma torulosa
rangiana (Lea) (= Northern Riffleshell), Epioblasma torulosa torulosa (Rafinesque (=
Tubercled Blossom), Hemistena lata (Rafinesque) (= Cracking Pearlymussel), Lampsilis
abrupta (Say) (= Pink Mucket), Leptodea leptodon (Rafinesque) (= Scaleshell), Obovaria
retusa (Lamarck) (= Ring Pink), Pleurobema clava (Lamarck) (= Clubshell), and
Pleurobema plenum (Lea) (= Rough Pigtoe) (Cicerello & Schuster, 2003).
Man-made dams negatively affect mussel communities in many ways, both
upstream and downstream of the impoundment. Water from hypolimnetic-release dams is
often colder and lower in dissolved oxygen levels than the flow into the reservoir.
Depressed water temperatures can completely inhibit mussel reproduction (Heinricher &
Layzer, 1999). Dams can also prevent obligate fish hosts required by parasitic mussel
larva from reaching gravid females (Gatenby et al., 1996; Watters, 1996; Richter et al.,
1997; Slone et al., 2009).
Alien species, namely Dreissena polymorpha (Pallas) (= zebra mussel), can
outcompete native mussel populations for food and foul their shells (Parmalee & Bogan,
1998; Strayer, 1999). In Kentucky, the zebra mussel has had its greatest impact mainly in
the mainstem Ohio River (Slone et al., 2009). Mussels can also serve as early warning
systems to toxicity problems associated with water quality (Slone et al., 2009). In rivers
and streams throughout the United States, dense species-rich mussel communities have
been depleted or destroyed as a result of pollution from agricultural runoff (Gatenby et
al., 1996; Strayer et al., 1999). Acid mine drainage, elevated ammonia levels, chlorine
and chlorination by-products play major roles in contributing to declining unionid
numbers (Strayer, 2008).
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The past few decades have seen increased efforts by state and federal agencies to
mitigate the decline of North America’s freshwater mussel populations (Nichols &
Garling, 2000). Strayer (2008) asserted that, in addition to a lack of information regarding
what food sources unionid mussels are actually consuming, there is even less information
regarding the degree of food limitation on both individual mussels and at the population
level. Recent research suggests that a better understanding of mussel feeding ecology
may facilitate and improve conservation efforts (e.g. Gatenby et al., 1996; Nichols &
Garling, 2000; Raikow & Hamilton, 2001; Beck & Neves, 2003; Ward et al., 2003;
Christian et al., 2004). Strayer (2008) argued that future studies should examine which
components of the heterogeneous mix captured by mussels are actually assimilated into
mussel body tissue.
Consumer-resource relationships
Consumer-resource relationships are important components to assess in empirical
food web analyses. Food resources may be nutritionally sufficient to support adequate
growth or may lead to reduced rates of growth and dampen secondary production (Cross
et al., 2005). Growth rates of freshwater invertebrate primary consumers are positively
correlated with food quality (i.e., polyunsaturated fatty acid and lipid content, C:N ratio)
(Gresens, 1997; Ravet & Brett, 2006; Furey et al., 2012). In addition to food quality and
quantity (Rosi-Marshall, 2004; Franken et al., 2005; Veldboom & Haro, 2011), growth of
aquatic macroinvertebrates is also influenced by population density (Hart, 1987) and
temperature (Vannote & Sweeney, 1980; Maier et al., 1990). C:N ratios of potential food
sources can be interpreted as measures of food quality. Lower values are typically
indicative of higher quality food. Atkinson et al. (2010) found that C:N increased with
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increasing seston particle size. Higher nutrient content is generally associated with
smaller particles and is attributed to a higher proportion of nutrient-rich bacteria in
smaller particles vs. larger particles (i.e., increasing surface area to volume ratio and
microbial community succession) (Sinsabaugh & Linkins, 1990; Bonin et al., 2000;
Atkinson et al., 2010).
Algal-nutrient dynamics
Primary producers in aquatic systems are typically either suspended in the water
column (i.e., sestonic or planktonic) or attached to a bottom surface (i.e., benthic). In
riverine systems the suspended primary producers are comprised of a mix of sestonic
algae and periphytic algae sloughed off from benthic substrates (e.g., rocks, wood).
Benthic algal communities are a composite of microscopic periphyton, or epilithon (e.g.,
diatoms, green algae, and cyanobacteria) and macroscopic taxa (filamentous algae).
Growth and productivity of aquatic primary producers in general are often limited by the
availability of nitrogen (N) and phosphorus (P) (Dodds et al., 2002). Benthic periphyton
biomass is significantly correlated with water column nutrient content (Dodds et al.,
2002). Penick (2010) proposed that there may be a relationship between high levels of
nitrate and high Cladophora biomass in the karst region of the upper Green River,
Kentucky.
Filamentous algae are single cells that form long chains or filaments (Dodds &
Gudder, 1992). The filamentous algae genus Cladophora is distributed globally and is
present across a broad variety of marine and freshwater habitats (Dodds & Gudder,
1992). Cladophora is a macroscopic alga that can be found as floating mats in standing
water systems (i.e., ponds), but it typically is attached to bottom substrates (e.g., rocks) in
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many types of shallow habitats (Millner & Sweeney, 1982). Attached macroalgae,
including Cladophora, often are the most important photosynthetic species and may
contribute the most primary production activity in running water systems (Power et al.,
2009). Riverine Cladophora growth often is highly seasonal, with rapid growth during
summer (Power et al., 2009) and particularly during periods of low precipitation.
Cladophora can be heavily colonized by microscopic, epiphytic algae (Peterson
& Grimm, 1992; Malkin et al., 2009). Malkin et al. (2009) identified 17 species of diatom
epiphytes on Cladophora glomerata (L.) Kutzing, dominated by the species Cocconeis
pediculus (Ehrenberg). Research in the Eel River, California revealed that Cladophora
epiphyte assemblages transitioned from a light colonization of algal epiphytes to a dense
monolayer of C. pediculus and, finally, to a multistory Rhopalodiaceae-dominated
diatom assemblage harboring N-fixing endosymbiotic cyanobacteria (Furey et al., 2012).
Nitrogen fixation is a complex series of biochemical reactions converting dissolved
diatomic nitrogen gas (N2) into ammonia (Postgate, 1998). Elevated rates of N-fixation
associated with Cladophora and its epiphytes may serve to increase biologicallyavailable forms of N, particularly in reaches dominated by Cladophora summer primary
production activity (Power et al., 2009; Furey et al., 2012).
Although Cladophora may dominate in terms of biomass, this does not
necessarily translate to dominance in terms of nutritional value (Reid et al., 2008).
Filament fragments have been found in the digestive tract of freshwater unionid mussels
(Churchill & Lewis, 1923; McIvor, 2004). Both Cladophora (Power et al., 2008) and the
associated epiphytes are also grazed upon by aquatic insect larvae and snails (Roll et al.,
2005). There is evidence that some filter-feeding insect taxa, namely hydropsychid and
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brachycentrid caddisflies, respond to periods of filamentous algal growth. Fairchild and
Holomuzki (2002) found that hydropsychid caddisfly densities were significantly higher
in the presence of Cladophora, and Rhame and Stewart (1976) showed that Hydropsyche
simulans (Ross) larvae shifted to grazing on Cladophora during autumn. Similarly,
Tinsley (2012) found that both H. simulans and Cheumatopsyche preferentially
assimilated Cladophora during late summer. Dodds (1991) observed Brachycentrus
occidentalis (Banks) larvae grazing directly on Cladophora shoots, presumably for
epiphytic diatoms. Furey et al. (2012) observed Cladophora filaments with Cocconeis
cells still attached in chironomid guts and posited that Cladophora may have been
consumed incidentally as the midge larvae attempted to preferentially graze the diatoms.
Stable isotope analysis in food web studies
Determining basal energy sources of food webs is key to understanding
ecosystem resource dynamics (Finlay, 2001). Finlay (2001) asserted, however, that
identifying primary producer energy sources in lotic food webs proves especially
challenging, in part due to the complex processes controlling carbon sources. The use of
stable isotopes has become an increasingly common, inexpensive, and accurate method,
to study aquatic food webs (Fincel et al., 2012). Less than 10% of all known isotopes are
stable, i.e, naturally occurring vs. radioactive (Fry, 2006). The variation of physical
properties of stable isotopes is linked to differences in atomic mass, and these variations
result in molecules with varying ratios of “heavy”(e.g., 13C) to “light” or “abundant”
(e.g., 12C) isotopes (Ben-David & Flaherty, 2012). Carbon (C) and nitrogen (N) are two
of the most frequently employed elements in food web studies. Traditionally, stomachcontent analysis and feeding observations have been used to characterize carbon
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resources used by consumers. These techniques, however, may not provide a clear picture
of carbon flow because food resources are differentially-assimilated and because carbon
pathways are often complex (Rounick & Winterbourn, 1986). While gut-content analysis
may provide a snapshot of what foods a consumer has recently ingested, stable isotope
analysis reflects a consumer’s assimilated diet over time (Phillips, 2012). Stable isotope
analysis can also identify complex interactions (e.g. trophic omnivory) which are
prevalent in many ecosystems (Post, 2002).
The isotopic composition of a consumer’s tissue is a function of the ratios of
heavy to light isotopes of the food resources they utilize and the physiological processes
employed in assimilating and discarding those food resources (Ben-David & Flaherty,
2012). Small differences in isotopic ratios found in nature are used in natural abundance
studies (Boschker & Middelburg, 2002). Differences in natural abundance of 13C and 12C
can be traced as they move relatively unaltered through food webs and can indicate which
of several distinct types of food resources, derived mainly from primary producers, are
the original sources of dietary carbon assimilated and incorporated into a consumer’s
tissues (Rounick & Winterbourn, 1986; Peterson & Fry, 1987). Primary producers vary in
their 13C/12C ratios due to variation in environmental and physiological conditions as well
as differences in inorganic substrate and fixation pathways (Boschker & Middelburg,
2002). The ratio of heavy (15N) to abundant (14N) nitrogen shows stepwise enrichment
from prey to consumer, providing a method of assessing trophic position (e.g., primary or
secondary consumer) within a food web (Cabana & Rasmussen, 1994; Layman et al.,
2011). As proteins are assimilated, the heavier isotope remains in a consumer’s tissue
while the lighter isotope is removed and excreted (Zandonà, 2010).
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Stable isotopes are described as the parts per thousand (‰, or “per mil”), either
enriched (more positive) or depleted (more negative) deviation from a standard material
(Vienna Peedee Belemnite (VPDB) for 13C/12C, or δ13C and atmospheric nitrogen for
15

N/14N, or δ15N). The VPDB contains high quantities of 13C as it is derived from a

sedimentary limestone, and most organic samples are depleted relative to it and are
expressed as negative values. The more negative the value, the fewer 13C atoms that are
present in the sample (= lower ratio) (Ben-David & Flaherty, 2012). Variation in δ13C
and δ15N is typically measured with a thermal ionization mass spectrometer and is
calculated as follows: δ13C or δ14N = ([Rsample/Rstandard] – 1) x 103, where R = 13C/12C or
15

N/14N (Vander Zanden & Rasmussen, 2001; Ben-David & Flaherty, 2012).
Fractionation (= trophic fractionation, discrimination or trophic discrimination)

refers to the differences in isotopic values between a consumer and its food sources: ∆
δ15Xconsumer – δ15Xdiet, where X is the isotope of interest (Boschker & Middelburg, 2002;
Fry, 2006). Post (2002) found that mean trophic enrichment of consumer tissue relative to
their food source is approximately 3.4 + 1 ‰ in δ15N values and 0.4 + 1.3 ‰ in δ13C.
More recent studies, however, have shown these values may vary considerably
(Vanderklift & Ponsard, 2003; Martinez Del Rio et al., 2009; Ben-David & Flaherty,
2012). Soft tissues from the same organism can have δ13C fractionation values, ranging
from -1 ‰ to 5 ‰ and -1 ‰ to 8 ‰ for δ15N. In addition to tissue type, assimilation of
dietary isotopic values also depends on a consumer’s size, age and nutritional status as
well as diet composition and how efficiently they differentially assimilate each food
resource (Martinez del Rio & Carleton, 2012; Ben-David & Flaherty, 2012). The rate at
which a consumer incorporates the isotopic signature of its diet (i.e., turnover rate) and
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the trophic fractionation between diet and consumer tissues are affected by all of these
factors (Ben-David et al., 2012; Ben-David & Flaherty, 2012).
Stable isotopes may be used to detect significant dietary changes resulting from
movement to a new environment or shifts in food abundance (Phillips & Eldridge, 2006).
Ben-David and Flaherty (2012) assert that stable isotope analysis is a powerful tool for
assessing how organisms respond to changes in environmental conditions, providing
insight as to how those responses influence fitness, as well as ecosystem processes.
Several recent studies in particular have examined bivalve diets and position in food
webs (Nichols & Garling, 2000; Raikow & Hamilton, 2001; Christian et al., 2004; Rossi
et al., 2004; Atkinson et al., 2010). Raikow and Hamilton (2001) showed that a
community of bivalves in a Michigan stream preferentially assimilated the algal
component of suspended and benthic organic matter and that they obtained up to 80% of
their nutrition from the hyporheic zone. Rossi et al. (2004) examined the diets of two
species of bivalves, one a facultative deposit feeder and one an obligatory suspension
feeder, and showed that the facultative deposit feeder, Macoma balthica (L.), was able to
feed on both planktonic and benthic microalgae, whereas the suspension feeder,
Cerastoderma edule (L.), was reliant only upon microphytoplankton. Further analysis
revealed M. balthica diet variability was reflective of ontogenetic changes, with
significantly different δ13C signatures between large animals and small juveniles.
Atkinson et al. (2010) found that, in a Coastal Plain stream, the invasive bivalve,
Corbicula fluminea (Müller) was able to obtain and assimilate a wider range of food
resources than the co-occurring native mussel, Elliptio crassidens (Lamarck).
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Study purpose
The overall purpose of this study was to assess if the diet of two species of
riverine mussels, (A. plicata and E. dilatata), were influenced by the seasonal change in
availability of Cladophora during a summer-autumn rapid growth period (i.e., bloom).
More specifically, this research asked two specific questions: 1) Are the assimilated diets
of the two mussel species differentially affected in high Cladophora cover (= control,
reach-scale) versus relatively low Cladophora cover (= treatment, local-scale removal of
Cladophora) areas of a riverine reach and 2) Are the assimilated diets influenced by
differing Cladophora availability across time? Cladophora has not yet been indicated as
a prominent assimilated food source for freshwater unionid mussels, however, it is
possible that during bloom conditions Cladophora is, in fact, a primary food source.
Methods
Study reach description
The research took place during June–November 2011 in a 7th-order reach of the
Green River (37.2431, 86.0027) located in central Kentucky, U.S.A. at the Western
Kentucky University Upper Green River Biological Preserve. The Green River originates
in Lincoln County, Kentucky, and flows ca. 600 km west before emptying into the Ohio
River. The Green River Basin is the largest of Kentucky’s twelve primary river basins,
draining approximately 23,000 km2 and nearly 23% of the commonwealth (Fig.1).
The study reach is 40 m wide, characterized by an open canopy and shallow run
habitats underlain by small cobbles and gravel substrates, and is positioned within the
Crawford-Mammoth Cave Upland Level IV Ecoregion (Fig. 2). This ecoregion is
underlain by Mississippian-age limestone and Chesterian-age fractured bedrock
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formations with low surface stream density and nitrogen-rich groundwater (Woods et al.,
2002). Karst systems, especially those that are limestone, are unique in that nutrient
inputs can come both from surface runoff during precipitation events and directly from
the dissolution of the parent rock (Holloway et al., 1998; Morford et al., 2011). Base-flow
levels of nitrogen and phosphorous at the study site are high (Penick, 2010). There are
several aquatic macroproducers present at the study reach, including a productive and
dense bed of the vascular plant Podostemum ceratophyllum Michx. High productivity of
this species is indicative of high quality, well-oxygenated rivers in the southeastern U.S.
(Hill & Webster, 1984) and it provides stable habitat for macroinvertebrate communities
(Hutchens et al., 2004). Potamogeton sp. and bryophytes are also present, but markedly
less abundant. During late summer, a dense bloom of Cladophora rapidly proliferates and
reaches maximum standing stocks (Penick, 2010) in stable flow conditions prior to highflow scouring events in autumn.
Over 30 species of fish have been collected from shallow (< 1 m) habitats along
the study reach (Wilsey, 2008; Grubbs, unpublished data). Several species are
particularly abundant, namely Campostoma oligolepis (Hubbs & Green) (= largescale
stoneroller), Cottus carolinae (Gill) (= banded sculpin), Etheostoma blenniodes
(Rafinesque) (= greenside darter), E. zonale (Cope) (= banded darter), Hypentelium
nigricans (Lesueur) (= northern hog sucker), Lepomis macrochirus (Rafinesque) (=
bluegill), Micropterus punctulatus (Rafinesque) (= spotted bass), Moxostoma spp. (=
redhorses), Notropis atherinoides (Rafinesque) (= emerald shiner), N. telescopus (Cope)
(= telescope shiner), Noturus elegans (Taylor) (= elegant madtom), and Pimephales
notatus (Rafinesque) (= bluntnose minnow).

15

There are several common macroinvertebrate taxa that have been obtained from
coarse substrate habitats along the study reach. Abundant molluscan taxa include a
gastropod snail Leptotoxis praerosa (Say), the introduced Asiatic clam Corbicula
fluminea (Müller), and a productive and diverse assemblage of unionid mussels
(Cicerello & Schuster, 2003). In addition to the two study species, several unionids are
abundant, especially Actinonaias ligamentina (Lamarck) (= mucket), Cyclonaias
tuberculata (Rafinesque) (= purple wartyback), Megalonaias nervosa (Rafinesque) (=
washboard), Obliquaria reflexa (Rafinesque) (= threehorn wartyback), Quadrula
quadrula (Rafinesque) (= mapleleaf), and Tritogonia verrucosa (Rafinesque) (=
pistolgrip). The federally endangered Cyprogenia stegaria (Rafinesque) (= fanshell) and
Lampsilis abrupta (Say) (= pink mucket) are also present within the study reach (Yates,
personal observation).
Abundant aquatic insect taxa include ephemeropterans Baetis sp., Caenis sp.,
Maccaffertium mediopunctatum (McDunnough), Serratella deficiens (Morgan), and
Tricorythodes sp., the giant stonefly Pteronarcys dorsata (Say), aquatic beetles Dineutus
sp., Stenelmis crenata group, and Psephenus herricki (Dekay), the megalopteran
Corydalus cornutus (L.), caddisflies Cheumatopsyche sp., Hydropsyche simulans (Ross),
and Oecetis sp., and the dipteran blackfly Simulium sp. (Grubbs, unpublished data).
Chironomid dipteran larvae are also very abundant but these have yet to be identified
below the family level.
Field and laboratory methods
Environmental variables
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Nutrient content, dissolved oxygen levels and pH were quantified monthly. Grab
samples for nutrient analyses (n = 4) were obtained at midstream in acid-washed 275 mL
bottles during low water conditions at flows < 11 m3/s (< ca. 400 cfs). Total phosphorus
(acid persulfate digestion), soluble reactive phosphorus (ascorbic acid method), nitrate
(cadmium reduction method), ammonia (salicylate method), and total nitrogen (persulfate
digestion method) levels were determined spectrophotometrically. Dissolved oxygen and
pH readings (n = 5) were taken during mid-day with a Hach HQ40d digital meter.
Discharge (cfs) data were obtained from a USGS streamflow monitoring station at
Munfordville (Station number 03308500; 37.2667, 85.8872), located 11.5 km NW
upstream of the study reach. Due to the paucity of surface tributaries it is assumed that
flow conditions of the study reach will be represented by the USGS station.
Algal biomass
Biomass levels of sestonic and filamentous algae were similarly quantified
monthly during low-water conditions. Sestonic algal samples (n = 4) were obtained at
midstream in acid-washed 275 mL bottles coincident with the collection of nutrient
samples. Sestonic samples were vacuum-filtered on 47 mm diameter, 0.7 m pore size
Whatman GF glass fiber filters, placed in individual Petri dishes, wrapped in foil, and
kept refrigerated in the dark for up to 14 days. The algal samples were analyzed for
chlorophyll- concentration using USGS methods (Yin, 2005). Each filtered sample was
placed in a 50 mL centrifuge tube with 3–6 glass beads and 10-mL of a 50:50 dimethyl
sulfoxide (DMSO) and acetone solution. The tube was vortexed for 30s, stored overnight
in the dark at 4C, centrifuged 10 min at 4300 rpm, and the supernatant transferred to a
new tube. A second 10 mL of DMSO:acetone was added to the original sample and the
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process was repeated. The two supernatant liquids were combined. A final 5 mL of
DMSO:acetone was added to the original sample and the process repeated. The resulting
supernatant was centrifuged and 5 mL of the liquid was analyzed with a Shimadzu RF5301 PC spectrofluorometer. Samples were measured against set chlorophyll standards
produced from an initial 239 ppb solution and 20% serial dilutions of 47.60 ppb, 9.52
ppb, 1.90 ppb, and 0.38 ppb. A linear regression of intensity vs. concentration of the
standards established a standard curve and was used to calculate chlorophyll-a
concentrations (mg/L) for the sestonic samples.
Within the study reach, percent coverage of Cladophora and Podostemum were
calculated, once in July and once in August, along longitudinally positioned cross-stream
transects. Biomass levels of Cladophora and Podostemum were quantified August
through October, including after the first significant rain event in early September that
removed a large amount of Cladophora from the study reach. Two different transects
were selected monthly to avoid resampling. Along a transect, 1 m intervals were
established and four points were randomly-selected. At each point a Hess sampler (0.09m2 sampling area) was placed at the center and all Cladophora and Podostemum were
removed by hand, placed into individually-labeled plastic bags, and transported to the
laboratory in a cooler. Samples were visually inspected and all extraneous material was
removed. Samples were then placed into a drying oven for 48 h at 60oC. They were then
weighed to the nearest 0.0 g to quantify dry mass (DM), crushed with a mortar and pestle,
transferred to pre-weighed porcelain crucibles, and placed in a muffle furnace for 4 h at
550oC. The remaining ashed, inorganic materials were weighed to the nearest 0.01g. Ash-
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free dry mass (AFDM; mg/m2) for each sample was determined by subtracting the mass
of the ashed materials from DM
Mussels - dietary and growth experiment
The diets of E.dilatata and A.plicata were analyzed across four different
timepoints, twice under two experimental conditions, during the study period. The target
species are common riverine inhabitants in Kentucky, particularly the Green River Basin
(Cicerello & Schuster, 2003). The length of the dietary study centered on when standing
stocks of Cladophora were maximized, beginning during the onset of filamentous
growth, during a scouring event that occurred which removed much of the Cladophora,
and when post-scour flow conditions were low enough to permit a final sampling event.
The four sampling events coincided with the following in-stream algal standing-stock
conditions:
1.

Early summer (July 20): low sestonic and filamentous algal levels

2. Mid-summer (August 12): low sestonic but high filamentous algal levels
3. Late summer (September 6): low sestonic but lower filamentous levels
4. Mid autumn (October 25): low sestonic and low filamentous algal levels

On the day of the first sampling, 36 E. dilatata and 36 A. plicata individuals were
collected by manually sieving through benthic substrates within the study reach. All 72
individuals were visually inspected and the six largest of each species were held on-site
in a cooler containing clean river water. The remaining 60 individuals were measured
with a caliper (nearest 0.1 mm) and whole-animal wet-weight was determined with an
analytical balance (nearest 0.1 mg) (A. plicata, mean weight = 15.6 mg ± 0.8 S.E., mean
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length = 36.2 mg ± 0.9 S.E.; E. dilatata, mean weight = 14.4 mg ± 1.0 S.E., mean length
= 51.9 mm ± 1.5 S.E.).
The twelve individuals randomly selected on-site for tissue analyses (i.e., C and N
isotopic analyses) were brought back to the laboratory and held in a small tank with
aerated tap water for 48 hrs for gut clearing. Mussels were kept in a freezer prior to
processing. Mussel tissue was extracted, acid-rinsed and rinsed with dH20. In order to
avoid changing the ratios of heavy to light isotopes, the tissue was dried at 60oC for 48
hours (Ben-David & Flaherty, 2012) then ground to a fine powder in a Wig-L-Bug®, and
shipped to the University of California Davis Stable Isotope Facility for determination of
total C and N content and C and N stable isotopic ratios. Samples were analyzed using a
PDZ Europa ANCA-GSL elemental analyzer interfaced to a PDZ Europa 20-20 isotope
ratio mass spectrometer (Sercon Ltd., Cheshire, UK). During analysis, samples were
interspersed with several replicates of at least two different laboratory standards which
were selected to be compositionally similar to the samples being analyzed (e.g., Nylon,
Bovine Liver, USGS-41 Glutamic Acid, Peach leaves and Glutamic Acid). The long term
standard deviation is 0.2 permil for 13C and 0.3 permil for 15N. The final delta values are
expressed relative to international standards VPDB and Air for carbon and nitrogen,
respectively.
In order to manipulate Cladophora levels within a local-scale (3 m x 12 m)
treatment area, and to facilitate sampling of individual mussels, a mesocosm approach
was employed. The remaining 60 individuals were randomly placed in species pairs into
30 experimental growth silos consisting of a concrete 25 cm diameter hemisphere,
weighing approximately 10 kg, and containing a 5 cm diameter inner pvc chamber fitted
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with screen ends (mesh size 1mm) on both sides. The silos were developed by M.
Christopher Barnhart, Ph.D., with design revisions by David Packwood (Barnhart,
personal communication). The silo sits on small footers (ca. 2 cm high). Water flow over
the silo creates a Bernoulli Effect that draws water up through the chamber while
remaining stable even during spate conditions (Fig. 3). Silos were deployed across the
study reach in shallow areas (mean initial depth (cm): 22 ± 1.08 S.E., mean velocity
(m/s): 0.47 ± 0.02 S.E.) with cobble-sized coarse substrates with adequate Podostemum
ceratophyllum Michx. cover encompassing rocks. Cladophora growth in the study reach
is typically high on coarse substrates with dense P. ceratophyllum cover. During lower
flow conditions, several silos were translocated to deeper areas within the study reach to
ensure that they would remain submerged. During each sampling event, depth (cm) and
current velocity readings (m/s) were obtained using a Marsh-McBirney Flo-Mate velocity
meter.
At timepoint #2, six silos were randomly-selected and mussel individuals were
processed as above. One silo was disturbed and the mussels were removed sometime
between the initial and the 2nd sampling event. Immediately after sampling at timepoint
#2, 11 of the 24 remaining silos were repositioned within areas of high potential
Cladophora growth (= control group) with mean stream depth ranging from 17.5 ± 1.1
S.E. (August) to 15.2 ± 0.86 S.E. (October). The remaining 12 silos were kept clear of
Cladophora growth within a 36 m2 area for the duration of the study period (= treatment
group) by physically removing any visible growth every few days (Fig. 4). Mean stream
depth in the control plot ranged from 17.9 ± 0.6 S.E. in August to 14.8 ± 0.61 S.E. in
October. At timepoint #3, six silos were randomly selected from both groups and mussels
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were processed and, at timepoint #4, the remaining mussels were collected and similarly
processed. At timepoint #4, six of each species were also randomly collected by manually
sieving through substrata within the study reach in order to obtain “free-living” samples.
Potential individual dietary components for E. dilatata and A. plicata included
Cladophora, P. ceratophyllum, epilithic biofilm, sestonic algae and transported organic
matter (TOM) and dissolved organic matter (DOM). Cladophora was obtained from the
stream reach once summer growth permitted a large enough sample to be obtained. Five
samples were obtained by cutting filaments near the tip and were placed in individual
plastic bags and held on ice. Cladophora was identified under a light microscope (7–
10X) using an illustrated key to algae genera (Dillard, 1999) and any visible detrital
material was removed. Samples were acid-rinsed and rinsed with dH2O. Five samples of
P. ceratophyllum were obtained by cutting plant tissue above the roots and were also
placed on ice. Podostemum samples were inspected in the laboratory to remove all
Cladophora filaments. Rocks with epilithic biofilm cover were scrubbed with a tooth
brush into a bucket containing river water, transferred to an acid-washed 27 mL bottle
and kept in a refrigerator.
Transported organic matter was collected at two near-shore and two mid-channel
points along a transect. Water samples for each transect were pooled into one composite
sample to provide a cross-channel representation of organic matter in the water column.
Water samples were passed through two sieves to partition TOM into coarse (CTOM;
> 1 mm diameter) and fine (FTOM; 100–1,000 μm diameter) particulate size classes.
There was insufficient CTOM material and this fraction was discarded. Water that passed
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through the 100-μm sieve was retained and vacuum-filtered through a 1 μm Gelman glass
fiber filter (GF/F) to obtain an ultrafine (UTOM; 1–100 μm diameter) fraction.
A composite TOM detrital component (1–1,000 µm diameter) was included in the
second set of food source data, yet there was an insufficient amount of the composite
TOM algal component to process. There was similarly too little of the UFTOM detrital
component to process but, by pooling together all of the UFTOM samples, enough algal
material of this size fraction was collected. Part of the total water filtered through the
GF/F was retained for retention of dissolved organic matter (DOM). The pH was adjusted
to 4.3 and oxygenated with bubbled air to remove inorganic constituents (Delong and
Thorp, 2006). Samples were evaporated at 60oC until dry, and the residue was collected
and ground in a Wig-L-Bug® and shipped to the isotopic laboratory. Both FTOM and
UFTOM samples and epilithic biofilm were processed using a colloidal silica separation
technique to partition into separate algal and detrital components (Hamilton & Lewis,
1992). Each sample was placed into a 50 mL conical centrifuge tube with a 76%
concentration of Ludox® TM-50 colloidal silica and centrifuged at 1200 rpm for 15 min.
The living algal fraction remaining in the aqueous layer was separated from the detrital
fraction remaining at the bottom of the centrifuge tube and the separation process was
repeated. The separate fractions were vacuum-filtered through a GF/F (nominal pore size
= 1.0 μm) and washed with distilled water to remove excess silica. Material was scraped
off of the filters and dried in crucibles at 60oC for 48 h before shipment to the isotopic
laboratory.
Statistical analyses
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Analysis of covariance (ANCOVA) was used to test for differences in total
growth of both species occurring between the control and treatment Cladophora areas of
the study reach (R package version 2.13.1). Because individuals were different sizes at
the beginning of the experiment, initial size (i.e., initial weight and initial length) was
used as the covariate, with “treatment” (= high vs. no Cladophora) considered as a factor.
Linear models for both species were constructed using log-transformed response data and
covariates in order to meet assumptions of normality and homogeneity of variance
implicit with parametric analyses. Initial weight:treatment and initial length:treatment
interactions were also considered in these “full” models. Analysis of variance (ANOVA)
performed on all 4 models revealed that factor interaction was not significant at the α =
0.05 level and was, therefore, taken out of the models. “Reduced” models were evaluated
with ANOVAs, using type I sums of squares (SS).
Factorial ANOVAs (SPSS version 19.0) were used to determine whether the δ13C
values of mussel tissue differed between the control and treatment Cladophora areas of
the study reach, monthly during the study period, or their interaction. Factor interaction
(i.e., month:treatment) was not significant at the α = 0.05 level and was removed.
“Reduced” models were evaluated with two way ANOVAs, using type I sums of squares
(SS). Significant ANOVAs were followed by Tukey’s Honest Significant Difference
(HSD) multiple comparisons to identify differences between months.
The Microsoft Visual Basic program IsoSource (version 1.3), a concentrationweighted linear mixing model, was used to determine the potential contribution of food
sources to the diet of both mussel species using both δ13C and δ15N (Phillips & Gregg,
2003). Assumptions behind this model include: 1) elements (i.e., C and N) contribute
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equal proportions to a food source, 2) all potential food sources are being considered in
the analysis and 3) prior to tissue synthesis, nutrients are completely homogenized in a
consumer’s body (Phillips, 2012). IsoSource iteratively creates all possible combinations
of food source proportions (= 100%) in a user-specified increment, typically 1–2%. For
each of the combinations, the program computes predicted isotope values for the
consumer (i.e., mixture). The predicted consumer isotope values and observed consumer
values are compared and, if the values are equal or within a user-specified tolerance (e.g.,
0.2 ‰), each set represents a feasible solution, stored in a data set and the distribution of
all solutions in the data set is provided (Delong & Thorp, 2006; Phillips, 2012). It is
important to note that users are urged to report the range of possible solutions (1–99th
percentile) rather than only the source distribution mean as it does not represent a unique
solution (Phillips, 2012). Because all solutions generated by IsoSource maintain mass
balance, one solution (e.g., mean) should not be given partiality over another (Benstead et
al., 2006). Preparation for employing IsoSource required determining mean δ13C and
δ15N values, if applicable (i.e., n > 1), for both mussels and potential food sources. The
δ13C and δ15N signatures of all the sources were corrected for expected levels of
fractionation, 0.4 ‰ for δ13C and 3.4 ‰ for δ15N, resulting from trophic transfers (Post,
2002; Phillips & Gregg, 2003). Increment levels were set at 1% for each of 14 separate
analyses. When mean mussel isotopic values fell slightly outside of mixing polygons,
tolerance levels were incrementally increased (i.e., from 0.2‰ up to a maximum of
0.7‰) in order to account for isotopic variability among consumers and each of the food
sources, as well as uncertainty due to random sampling and uncertainty of exact
fractionation values (D. Phillips, personal communication).
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Podostemum ceratophyllum was initially included as a potential food item in
IsoSource. Although preliminary analyses indicated that the range (1-99th percentile) of
P. ceratophyllum contribution to mussel diet was approximately 20–30% throughout the
study period, P. ceratophyllum was removed from the model. It was determined that the
results were spurious based on the fact that δ13C values of P. ceratophyllum and algal
TOM components were far-removed from each other in the mixing polygon (-37.74 ±
0.21 vs. -28.34 (FTOM) and -28.90 (UFTOM)), indicating P. ceratophyllum was not
sloughing off into the water column. Mussels are not grazers and, therefore, would not
graze directly on P. ceratophyllum. It did not make biological sense to include it as a
potential food source.
Results
Environmental variables and algal biomass
Water temperatures during the study period ranged from 10.6–27.8oC, with the
warmest temperatures occurring in July and August. Small peak-flow events occurred in
July, early September and early October. August had relatively stable discharge levels
(Fig. 5). Mean total phosphorus (TP) levels increased from June to September and then
decreased slightly in October (range: 0.08–0.24 mg/L). Similarly, mean soluble reactive
phosphate (SRP) levels increased from June to August, dropped slightly in September
and increased in October (range: 0.04–0.22 mg/L). Conversely, mean total nitrogen (TN)
levels decreased from June to September and increased in October (range: 0.7–4.1 mg/L).
There was a slight increase in mean nitrate (NO3) levels from June to July but decreasing
values through October (range: 0.60–1.40 mg/L). Mean ammonia (NH3) values were the
same for June, August and September, slightly lower in July and slightly higher in
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October (range: < 0.01–0.05 mg/L). Sestonic algal biomass increased from July to
August, dropped sharply in September, before rising slightly in October (Table 1). Within
the study reach, areal percent coverage of Cladophora exhibited a marked increase
between July (15.6%) and August (74.5%). Cladophora standing stocks were highest in
August (19.8 ± 2.47 mg/m2) and decreased to 7.7 ± 2.06 mg/m2 in September following a
modest scour event (Fig. 6). There was a modest increase to 9.1 ± 1.00 mg/m2 in October.
Isotopic values and C:N ratios of mussels and potential food sources
The δ13C values of food sources ranged considerably from Cladophora (-36.29 ±
0.14 S.E.) to the 100–1µm algal TOM fraction (-24.90) (Table 2). The mean δ13C of
Cladophora became more 13C-depleted during the first month, shifting from -34.20 ±
0.65 S.E. (August) to -36.29 ± 0.14 S.E. (September), while mean 15N became more
enriched, shifting from 3.55 ± 0.11 to 5.60 ± 0.12 S.E. The two epilithic biofilm
components had distinct δ13C and δ15N values. The algal fraction had a δ13C value of
-28.39 and a δ15N value of 6.09, while the detrital fraction δ13C value was -31.85, with a
δ15N value of 7.74. The algal component became more 13C-depleted by 1.49 ‰ in
October while the δ15N value became 15N-depleted by 0.89 ‰. The δ13C of the detrital
component shifted from -31.85 in August to -28.58 ± 0.23 S.E. in October, while δ15N
exhibited a marked shift from 7.79 to 4.89 ± 0.10 S.E. The algal and detrital δ13C values
were -28.34 and -27.87 for the August FTOM. Only enough algal material was available
for October UFTOM analysis and it had a -24.90 δ13C value and a 5.33 δ15N value.
Composite TOM (1000–1 µg) detrital samples revealed a mean δ13C value of -27.64 ±
0.82 S.E. and a mean δ15N value of 4.80 ± 0.14 S.E. The mean δ13C value of DOM was

27

-25.14 ± 0.18 S.E. while the mean δ15N value was markedly more 15N-enriched than all
other food sources at 8.97 ± 0.36 S.E.
Both mussel species showed very similar mean δ13C and δ15N values during July
with comparable depletions in both 13C and 15N in August (Table 3). Both species
showed similar mean δ13C signature changes in September. The δ13C values became
more 13C depleted in both control and treatment areas, with the control δ13C values
showing 0.21 ‰ (A. plicata) and 0.16 ‰ (E.dilatata) enrichment vs. the treatment plot.
The change in mean δ15N signatures for both species from August to September was also
similar but minor, with one exception: A. plicata showed a 0.04 ‰ 15N enrichment in the
control area and a 0.17 ‰ depletion in the treatment area whereas E. dilatata exhibited a
0.38 ‰ depletion in the treatment plot as well as a 0.13 ‰ depletion in the control area.
Similar changes in δ13C values occurred for both species between September and October
in both control and treatment areas. Both species showed 13C enrichment and 15N
depletion, with the exception of E. dilatata, which became 15N-enriched by 0.29 ‰ in the
treatment plot. ANOVAs revealed that the manipulated local-scale removal of
Cladophora (i.e., treatment) had no influence on mussel δ13C values. Shifts in δ13C
values, however, did occur across the study period with significant pairwise differences
between months with the exception of July vs. October (Table 4).
C:N ratios of potential food resources varied greatly from DOM (Mean: 3.99 ±
0.45 S.E.) to the detrital component of FTOM (24.08) (Table 2). Cladophora C:N
increased from 8.79 ± 0.17 S.E. in August to 9.76 ± 0.30 S.E. in September. The detrital
component of epilithic biofilm rose markedly from 5.28 in August to a mean of 11.53 ±
1.13 S.E. in October, while the algal fraction dropped from 14.84 to 11.20 ± 1.22 S.E.
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FTOM had distinct C:N values for algal and detrital components (17.89 and 24.08). The
algal component of UFTOM had a value of 11.72, while the composite TOM detrital
component showed a mean of 15.06 ± 5.03 S.E.
Mussel growth and source dietary contributions
ANCOVAs revealed that, for both A. plicata and E. dilatata, total growth was not
affected by the presence of Cladophora within the control area or by the local-scale
removal of Cladophora (i.e., treatment) (Table 5). For both species, initial weight was a
significant predictor of final weight, however, initial length was not a significant
predictor of final length.
In July, A. plicata and E. dilatata showed similar ranges (1–99th percentile) of
percent contribution of Cladophora (42–60% and 48–63%, respectively) (Fig. 6, Table
6). The detrital component of epilithic biofilm ranged from 30–48% and 26–38%.
Mussels sampled in August showed a significant increase in percent contribution of
Cladophora to A. plicata (66–73%) and E. dilatata (74–76%) diet, while detrital epilithic
biofilm decreased to 23–33% (A. plicata) and 23–26% (E. dilatata) in August. All other
sources for both species ranged between 0–10% in July and 0–4% in August (Fig. 6).
Ranges of percent Cladophora contribution dropped in September for both species in
both control and treatment areas. Mussels, however, differed slightly in Cladophora
contribution, with A. plicata exhibiting a broader range (57–76%) than E. dilatata in the
treatment plot and slightly higher median (65% vs. 63%) in the control area (Fig. 7).
While the maximum values of the ranges of detrital epilithic biofilm contribution
remained similar for both species throughout the study period (mean max = 35.5%),
mean minimum ranges dropped from 30.3% for July and August to 0% for September
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and October. Cladophora diet contribution continued to decline through October and
exhibited the exact same ranges for both species in low Cladophora (49–68%) and
similar, more constrained, ranges in control area (Fig. 8). The free-living individuals
collected in October showed ranges of 52–68% (A. plicata) and 49–69% (E. dilatata)
which were remarkably similar to the ranges of mussels collected from silos in both the
treatment and control areas (Fig. 9).
Discussion
This study examined consumer-resource relationships for two species of native
freshwater mussels in the nutrient-enriched upper Green River. The general question
addressed was: Are the diets of A. plicata and E. dilatata influenced by the seasonal
change in Cladophora availability during a summer-autumn bloom? The multisourcemixing model, IsoSource, used δ13C and δ15N data to compare mussel body tissue with
that of several potential food sources. IsoSource revealed that Cladophora was the
prominent assimilated dietary item for both species across the study period. There was
strong evidence that the influence of the local-scale removal was completely masked
by high availability of Cladophora across the study period, even during periods when
there were two short-duration, peak flow events that led to partial scouring of the
filamentous alga.
In July, Cladophora comprised a minimum and maximum range (1st–99th
percentile) of 48–68% of both species’ diets. Detrital epilithon was the second largest
contributor to diet and comprised a minimum and maximum range of 26–46%. All other
potential food sources had a range of 0–10%. Ben-David et al. (1997) found similar
distributions of feasible source proportions in their dual isotope, seven-source dietary
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analyses of southeast Alaskan mink. According to Phillips and Gregg (2003), the
distributions of feasible source proportions in this mink study were well-constrained and
informative because the consumer isotopic signal was near the border of the source
polygon (Phillips, 2012, his Fig. 4). Phillips (2012, personal communication)
recommends defining a “mixing space” within a bivariate plot of consumer and source
isotopic values by connecting the outer source points to make a convex polygon. When a
mixture (= consumer) lies near sources at the border of a convex polygon, it indicates the
sources on that side of the polygon are the prevailing contributors to the mix and the
source ranges are well constrained. Conversely, when a consumer’s isotopic value lies
near the center of a polygon it results in diffuse solutions with indeterminate mixing
proportions and small differences between sources (Phillips & Gregg, 2003). The broad
mixing polygons for both A. plicata and E. dilatata revealed mussel signatures nearest
Cladophora and detrital epilithon with well constrained ranges for all other potential food
sources (Fig. 6).
The range of Cladophora diet contribution increased for both species in August
(A. plicata, 66–73%; E. dilatata, 74–77%). This is coincided with the δ13C shift toward
Cladophora δ13C values that both species exhibited in August (Fig. 7) and a significant
increase in Cladophora standing stock July–August (Fig. 6). Percent contribution of
detrital epilithon decreased marginally to 23–33% (A. plicata) and 23–26% (E.dilatata).
Phillips and Gregg (2003) pointed out that tradeoffs exist among sources within their
feasible ranges. This is a result of the constraint placed upon sources that each feasible
combination must sum to 100%. All other source contributions for August ranged
between 0–4%.
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Growth and productivity of aquatic primary producers, in general, are often
limited by the availability of the macronutrients, nitrogen and phosphorus (Dodds et al.,
2002). Penick’s (2010) Green River algal and nutrient study revealed a consistent pattern
of increasing levels of both nitrate and Cladophora along a longitudinal gradient from
non-karst geology upstream to karst downstream, with peak Cladophora biomass levels
occurring in August 2009. She proposed that there may be a relationship between high
levels of nitrate and high Cladophora biomass in the karst region of the Green River.
High nitrate levels and Cladophora standing stock were similarly observed during this
study, with Cladophora reaching peak biomass levels in August 2011. In addition to high
nitrate levels, phosphorus levels were also moderately high. Both sestonic and
filamentous algal levels had similar increases July–August and decreases August–
September. The results of these two studies provide strong evidence that coinciding high
nitrate and Cladophora levels within the karst region of the Green River may be related.
With the exception of Cladophora, it is difficult to discern the other preferred
food sources for September and October due to the broad ranges of possible source
contributions. Phillips and Gregg (2003) provide reasons why diffuse solutions might
occur: 1) a consumer falling within the center of a mixing polygon with sources
providing approximately equal contributions and, 2) similarity of source isotope values
resulting in a very narrow mixing polygon. Phillips et al. (2005) assert that sources with
similar signatures can be combined a priori or a posteriori prior to use in a mixing
model. They caution that aggregation should be considered only if sources are logically
related and isotope values are not statistically distinguishable. Combining sources might
help to narrow ranges of solutions, but it also hinders the ability to differentiate between
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individual sources (Phillips et al., 2005). For this study, algal and detrital epilithon
fractions could have been grouped together, as well as the algal and detrital TOM
components. Aggregating the sources, however, would not have provided insight as to
whether mussels were preferentially assimilating detrital vs. algal TOM and epilithon.
Very small amounts of both FTOM and UFTOM were collected during sampling
events, despite the fact that large quantities of water were filtered both by in-stream
passive-sieving (FTOM = ~2,000 L, but not retained due to low content collected) and
vacuum filtering in the laboratory (UFTOM = ~80 L). TOM is a composite of sloughed
off benthic algae, sestonic algae and detritus. Trochine et al. (2011) found that, at nonlimiting nutrient conditions in shallow temperate lakes, Cladophora strongly inhibits
phytoplankton growth, and this effect is compounded by high temperatures. It is plausible
that the co-occurring Cladophora bloom and high temperatures observed during this
study may have suppressed the growth of algal TOM.
Mussels sampled in September from both treatment and control areas showed
similar decreases in percent Cladophora contribution. Amblema plicata had a slightly
broader range in the treatment area. Conversely, E. dilatata displayed a slightly broader
range in the control area. Ranges of percent Cladophora contribution continued to
decline through October. A large amount of the Cladophora was removed from the study
site during this time period, following a significant rain event in early September. A
decrease in Cladophora biomass followed by a decrease in percent contribution to mussel
diet could be related, as the availability of a food source limits its consumption. Freeliving individuals collected during the final sampling event exhibited remarkably similar
ranges of source contributions to the mussels collected from the growth silos in both the

33

treatment and control areas. This demonstrates that use of the experimental growth silos
did not introduce an artifact of experimental design.
Detrital epilithon had the lowest C:N ratio of all potential sources used for diet
estimates for both July and August, suggesting it was the highest quality food source.
Cladophora had the second lowest C:N (8.79 ± 0.17 S.E.). Cladophora and detrital
epilithon were the primary and secondary contributors to mussel diet during this time.
Interestingly, DOM had the lowest C:N of all potential sources used for September and
October diet estimates (3.99 ± 0.45 S.E.), however, it exhibited consistently low ranges
of feasible diet contributions (0–4%). Freshwater DOM is comprised of detrital leachates,
macroalgal and macrophyte exudates, bacteria and biofilms (McDonald, 2011). DOM can
be spatially partitioned into sestonic and benthic components. It is possible that the small
ranges of DOM contribution to A. plicata and E. dilatata diet could be due to low
availability, essentially parallel to the low levels of both FTOM and UFTOM.
Cladophora was the primary food source for mussels throughout the study period,
from both treatment and control areas. Prior to this study, Cladophora had not yet been
identified as a food source for riverine mussels. It is possible that mussels in this study
were incidentally ingesting Cladophora filaments in an attempt to obtain the associated
epiphytic cyanobacteria. Furey et al. (2012) found that, in the Eel River, California,
Cladophora epiphytic assemblages transition to one dominated by diatoms harboring Nfixing endosymbiotic cyanobacteria. The transition of epiphytic assemblages was
observed by the change in Cladophora color from green to yellow to rusty red. In this
study, Cladophora did not change color. Future studies could be undertaken to identify
and quantify epiphytic assemblages associated with Green River Cladophora. Fry (1984)
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found that shrimp δ13C values were more closely aligned with the δ13C values of seagrass
epiphytes vs. seagrass. Stable isotope analysis of Cladophora epiphytes and a mixing
model diet study which included Cladophora, may elucidate whether mussels are
preferentially assimilating Cladophora epiphytes.
IsoSource provided clear ranges of percent contribution of detrital epilithon to
mussel diet in July and August. September and October ranges for detrital contribution,
both epilithic and composite TOM, were broad but all had high maximum values. An
ongoing decay study of Green River Cladophora will evaluate the changes in
Cladophora δ13C values at different stages of decomposition (S.A. Grubbs, personal
communication). During bloom conditions, high Cladophora standing stocks greatly
contribute to the detrital pool within the study reach. The decay study results will allow
for discrimination between differing detrital components contributing to Green River
food webs.
The location of A. plicata and E. dilatata outside mixing polygons could be the
result of possible missed food source or incorrect estimates of fractionation factors
(Phillips, personal communication) (Figs. 6B, 7–9). Raikow and Hamilton (2001)
determined mussels were obtaining the majority of their nutrition from the hyporheic
zone, an area of high bacterial metabolic activity (McDonald, 2011). Mussels spend a
great deal of time either partially or wholly buried within the sediment. Nichols et al.
(2005) demonstrated that mussels are able to utilize non-siphoning areas to obtain organic
matter from the substrate. It is likely both A. plicata and E. dilatata obtain a portion of
their nutrition from the interstitial zone. Future Green River mussel dietary studies could
include both burrowed mussels and interstitial material for analysis.
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Benstead et al. (2006) assert that natural abundance isotope studies are extremely
useful in identifying dietary sources that are not important and much less useful in
elucidating highly important sources. For this study, IsoSource clearly identified
Cladophora as the most important food source as well as revealed which sources were
less important, albeit with wide ranges in September and October. A limitation of
IsoSource is that it does not allow for variation among sources and trophic discrimination
factors. In essence, it overlooks the inherent variability in nature by limiting input to
mean isotopic values and fractionation factor estimates (Layman et al., 2011). Novel
mixing models have emerged (e.g., MixSIR (Moore & Semmens, 2008) and SIAR
(Parnell et al., 2010)) which allow users to input additional data such as source elemental
concentrations and standard error for stable isotope data as well as for fractionation
factors (Layman et al., 2011; Phillips, 2012). These models use Bayesian statistics to
generate true probability distributions vs. the feasible solutions summaries yielded by
IsoSource (Layman et al., 2011). Phillips (2012) asserts that it is likely the use of
Bayesian models for diet studies will become increasingly popular.
Turner et al. (2010) developed a framework for isotopic ratio hypothesis-testing in
ecological studies. They formulated tests for differences in centroid location (i.e.,
distance between consumers’ and source groups’ mean δ13C and δ15N in bivariate
isotopic space) and for dispersion of δ13C and δ15N (e.g., the degree of consumer and
source clumping around a centroid (Layman et al., 2007)). Additionally, they evaluated
changes in centroid positions (i.e., paths) and compared attributes of path trajectories to
quantitatively describe changes in isotopic ratios along spatial and temporal gradients.
Analyzing C and N isotopic data in this manner not only provides insight into basal
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energy sources and trophic structures of food webs, it also elucidates their spatial
variability (Turner & Edwards, 2012). Green River food web studies could benefit from
the use of these methods for evaluating isotopic data along a longitudinal gradient.
A suite of biotic and abiotic factors (e.g., macroinvertebrate grazing, nutrient
levels, temperature, precipitation, and geomorphology) influences filamentous algal
biomass levels in the upper Green River. There is strong evidence to suggest that high
nitrate levels, associated with karst regions, and high Cladophora levels are related. The
results of this study indicate that, during bloom conditions, Cladophora is the primary
carbon source for two common species of freshwater mussels and may form the base of
food webs in the upper Green River. Results of this study add to our understanding of
mussel feeding ecology and may facilitate their conservation.
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Figures

Fig. 1. Map of Kentucky showing Green River Basin. Star indicates
location of study reach.

Fig. 2. Map of study reach located within Western Kentucky
University’s Upper Green River Biological Preserve in Hart County,
Kentucky. Star indicates location of study reach.
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Fig. 3. Experimental mussel silo. Water flow over silo creates a Bernoulli Effect,
drawing water up through the chamber. Silo figure used with Dr. Christopher
Barnhart’s permission.
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July: 72 mussels collected (one each species),
12 processed in lab, 60 placed into 30 silos.

August: 6 silos randomly collected. 23 remaining
silos moved to treatment and control areas.

August:

treatment

control

September: 6 silos randomly selected from treatment area and 5 from control area.

October: remaining silos collected.
Fig. 4. Cartoon of silos deployed in control and treatment areas July–October 2011.
White circles = silos, lightest gray boxes = no-to-very low Cladophora, light-gray box =
low Cladophora, medium gray boxes = moderate Cladophora, dark gray boxes = heavy
Cladophora
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Figure 5. Mean daily discharge for the Green River at the Munfordville,
Kentucky gauging station (USGS site 00308550) during the study period.
Vertical black arrows indicate sampling events.

\

41

n=8

Figure 6. Minimum, 1st quartile, median, 3rd quartile and maximum Cladophora biomass
levels (mg/m2 AFDM), with outliers, within study reach during August–October 2011.
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Fig. 7. Mixing polygons for δ13C and δ15N values of A. plicata and E. dilatata and seven
potential food sources for July (A) and August (B) 2011. Ranges (1st–99th percentile)
represent the feasible contributions from each source to mussels’ diet as calculated by
IsoSource (version 1.3, Phillips & Gregg 2003). Epi = epilithon, UFTOM = ultra-fine
transported organic matter, FTOM = fine transported organic matter, alg = algal and det =
detrital.

43

13

DOM
0–2%

A
12
11

δ15N

10
9

Cladophora
56–71%

Epi (alg)
0–36%

UFTOM
(alg)
0–14%

Epi (det)
0–34%

A. plicata

8

Comp TOM
(det)
0–30%

E. dilatata

7
6
-38

-36

-34

-32

-30

-28

-26

-24

13

δ C
13

DOM
0–4%

B

12
11

δ15N

10

Cladophora
57–76%

Epi (alg)
0–34%

9
8
7
6
-38

Epi (det)
0–37%

A. plicata

Comp TOM
(det)
0–33%

E. dilatata

-36

UFTOM
(alg)
0–18%

-34

-32

-30

-28

-26

-24

δ13C

Fig. 8. Mixing polygons for δ13C and δ15N values of A. plicata and E. dilatata from
treatment area (= no Cladophora) (A) and control area (= high Cladophora) (B) and six
potential food sources for September 2011. Ranges (1st–99th percentile) represent the
feasible contributions from each source to mussels’ diet as calculated by IsoSource
(version 1.3, Phillips & Gregg 2003). Epi = epilithon, UFTOM = ultra-fine transported
organic matter, Comp TOM = composite transported organic matter, DOM = dissolved
organic matter, alg = algal and det = detrital.
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Fig. 9. Mixing polygons for δ13C and δ15N values of A. plicata and E. dilatata from
treatment area (= no Cladophora) (A) and control area (= high Cladophora) (B) and six
potential food sources for October 2011. Ranges (1st–99th percentile) represent the
feasible contributions from each source to mussels’ diet as calculated by IsoSource
(version 1.3, Phillips & Gregg 2003). Epi = epilithon, UFTOM = ultra-fine transported
organic matter, Comp TOM = composite transported organic matter, DOM = dissolved
organic matter, alg = algal and det = detrital.
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Fig. 10. Mixing polygon for δ13C and δ15N values of free-living A. plicata and E. dilatata
and six potential food sources for October 2011. Ranges (1st–99th percentile) represent
the feasible contributions from each source to mussels’ diet as calculated by IsoSource
(version 1.3, Phillips & Gregg 2003). Epi = epilithon, UFTOM = ultra-fine transported
organic matter, Comp TOM = composite transported organic matter, DOM = dissolved
organic matter, alg = algal and det = detrital.

46

Tables
Table 1. Five-point-summary (minimum, 1st quartile, median, 3rd quartile
and maximum) of ranges of stream nutrient (mg/L) levels June–October and
Chl-a concentration (µg/L) July–October 2011.
Parameter

n

Minimum

1st Quartile

Median

3rd Quartile

Maximum

TP
SRP
TN

18
19
19

0.08
0.04
0.70

0.09
0.08
1.20

0.11
0.1
1.60

0.13
0.11
1.70

0.24
0.22
4.10

NO3

20

0.60

0.80

0.90

1.20

1.40

NH3
Chl-α

20
20

< 0.01
1.87

< 0.01
1.88

< 0.01
2.07

< 0.01
2.21

0.05
15.8

TP = total phosphorus, SRP = soluble reactive phosphorus, TN = total nitrogen,
NO3 = nitrate, NH3 = ammonia, Chl-a = chlorophyll a (seston), n = sample size
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Table 2. Mean δ 13C, δ15N and C:N ± 1 S.E. (if applicable) values for potential
food resources collected from study reach August–October 2011.
Mean

Mean
δ15N ±
S.E.

Mean

C:N ± S.E.
Sample
n
δ13C ± S.E.
Resources
Cladophora (Aug)
5 -34.20 ± 0.65 3.55 ± 0.11 8.79 ± 0.17
Cladophora (Sept)
5 -36.29 ± 0.14 5.60 ± 0.12 9.76 ± 0.30
Podostemum (Aug)
5 -37.74 ± 0.21 8.11 ± 0.16 14.80 ± 0.58
Podostemum (Sept)
5 -39.74 ± 0.1
7.16 ± 0.16 11.16 ± 0.41
epilithic biofilm, detrital (Aug)
1
-31.85
7.74
5.28
epilithic biofilm, detrital (Oct)
2 -28.58 ± 0.23 4.89 ± 0.10 11.53 ± 1.13
epilithic biofilm, algal (Aug)
1
-28.39
6.09
14.84
epilithic biofilm, algal (Oct)
3 -29.88 ± 0.1
5.20 ± 0.53 11.20 ± 1.22
FTOM, detrital (Aug)
1
-27.87
4.60
24.08
FTOM, algal (Aug)
1
-28.34
4.49
17.89
UFTOM, algal (Aug)
1
-28.90
4.49
21.22
UFTOM, detrital (Aug)
1
-28.80
4.60
13.97
UFTOM, algal (Oct)
1
-24.90
5.33
11.72
Composite TOM, detrital (Oct)
2 -27.64 ± 0.82 4.80 ± 0.14 15.06 ± 5.03
DOM (Oct)
4 -25.14 ± 0.45 8.97 ± 0.36 3.99 ± 0.45
FTOM = fine transported organic matter (1,000–100 µm), UFTOM = ultra-fine
transported organic matter (100–1 µm), DOM = dissolved organic matter, n = sample
size
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Table 3. Mean δ 13C, δ15N and C:N ± 1 S.E. values for A. plicata and E. dilatata collected from study reach July–October
2011.

Mean
13

Mean
15

Mean

Sample
n
δ C ± S.E.
δ N ± S.E.
C:N ± S.E.
Consumers
Amblema plicata (Jul)
6
-32.51 ± 0.06
8.76 ± 0.09
4.59 ± 0.12
Amblema plicata (Aug)
6
-33.56 ± 0.08
8.62 ± 0.12
4.65 ± 0.11
Amblema plicata, treatment (Sept)
6
-33.28 ± 0.09
8.45 ± 0.06
4.56 ± 0.07
Amblema plicata, treatment (Oct)
6
-32.72 ± 0.17
8.33 ± 0.14
4.15 ± 0.05
Amblema plicata, control (Sept)
6
-33.07 ± 0.11
8.66 ± 0.07
4.43 ± 0.12
Amblema plicata, control (Oct)
5
-32.61 ± 0.06
8.55 ± 0.04
4.19 ± 0.11
Amblema plicata, free-living (Oct)
6
-32.73 ± 0.07
8.67 ± 0.14
4.36 ± 0.10
Elliptio dilatata (Jul)
6
-32.55 ± 0.09
8.48 ± 0.08
3.86 ± 0.06
Elliptio dilatata (Aug)
6
-33.67 ± 0.05
8.42 ± 0.06
4.27 ± 0.07
Elliptio dilatata, treatment (Sept)
6
-33.40 ± 0.06
8.04 ± 0.06
4.39 ± 0.08
Elliptio dilatata, treatment (Oct)
6
-32.72 ± 0.17
8.33 ± 0.14
4.14 ± 0.10
Elliptio dilatata, control (Sept)
6
-33.24 ± 0.14
8.29 ± 0.04
4.45 ± 0.08
Elliptio dilatata, control (Oct)
5
-32.64 ± 0.03
8.18 ± 0.08
4.16 ± 0.03
Elliptio dilatata, free-living (Oct)
6
-32.77 ± 0.04
8.34 ± 0.12
4.19 ± 0.10
Treatment = individuals sampled from area of very low Cladophora growth, control = individuals sampled from area of dense
Cladophora growth, free-living = mussels randomly collected from study reach. N= sample size
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Table 4. Analysis of variance (ANOVA) of A. plicata and E. dilatata
mean δ13C values July–October 2011. This table shows sums of squares
(SS), mean squares (MS), F values and the probability of the F values (P)
from the F distribution of 1 and 46 degrees of freedom (df). Significant
values indicated by bold type.
Source
A. plicata
Treatment
Month
Error

df

SS

MS

F

P

1
3
42

0.024
8.524
1.706

0.024
2.841
0.041

1.057
69.958

0.310
< 0.001

E. dilatata
Treatment
Month
Error

1
3
42

0.022
9.947
1.779

0.022
3.316
0.042

0.993
78.259

0.471
< 0.001
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Table 5. Analysis of covariance (ANCOVA) for the growth responses, ln((FWIW)/IW) and ln((FL-IL)/IL). Ln(IW) and ln(IL) were used as covariates. This table
shows sums of squares (SS), mean squares (MS), F values, probability of the F
values (P) from the F distribution of 1 and 8 degrees of freedom (df) and the
coefficients of determination (R2) for each model effect. Significant values
indicated by bold type.
Source
A. plicata
ln(IW)
Treatment
Residuals

df

SS

MS

F

P

R2

1
1
8

1.66
0.20
1.34

1.66
0.20
0.17

9.90
1.21

0.01
0.30

0.52
0.06
0.42

ln(IL)
Treatment
Residuals

1
1
8

3.29
0.83
6.28

3.29
0.83
0.79

4.19
1.05

0.08
0.30

0.32
0.08
0.60

E. dilatata
ln(IW)
Treatment
Residuals

1
1
8

2.04
0.01
0.75

2.04
0.01
0.09

21.65
0.13

0.002
0.73

0.73
0.00
0.27

ln(IL)
1
0.27
0.27
0.42
0.54
Treatment
1
0.10
0.10
0.15
0.71
Residuals
8
5.07
0.63
FW = final weight, IW = initial weight, FL = final length, IL = initial
length

0.05
0.02
0.93

51

53, 48–58
71, 66–73
65, 57–71
67, 57–76
58, 52–64
59, 49–68
61, 52–68
58, 53–63
75, 74–76
63, 56–70
62, 57–66
55, 51–59
59, 49–68
59, 49–69

Consumer

A. plicata (July)
A. plicata (Aug)
A. plicata (Sept, C)
A. plicata (Sept, T)
A. plicata (Oct, C)
A. plicata (Oct, T)
A. plicata (Oct, FL)

E. dilatata (July)
E. dilatata (Aug)
E. dilatata (Sept, C)
E. dilatata (Sept, T)
E. dilatata (Oct, C)
E. dilatata (Oct, T)
E. dilatata (Oct, FL)

Epilithic
detrital

1, 0–8
0, 0–1
ND
ND
ND
ND
ND

1, 0–7
0, 0–3
ND
ND
ND
ND
ND
1, 0–7
0, 0–1
ND
ND
ND
ND
ND

1, 0–6
0, 0–3
ND
ND
ND
ND
ND
2, 0–9
0, 0–1
2, 0–8
1, 0–3
0, 0–3
3, 0–16
3, 0–16

1, 0–8
0, 0–3
3, 0–14
4, 0–18
2, 0–7
3, 0–16
4, 0–18

2, 0–9
0, 0–1
ND
ND
ND
ND
ND

1, 0–7
0, 0–3
ND
ND
ND
ND
ND

ND
ND
12, 0–30
16, 0–33
20, 0–40
10, 0–32
10, 0–31

ND
ND
8, 0–27
7, 0–25
14, 0–34
10, 0–32
9, 0–30

FTOM FTOM UFTOM UFTOM Composite TOM
algal detrital
algal
detrital
detrital

52

Percentiles calculated using the IsoSource (version 1.3) program (Phillips & Gregg, 2003). A seven-source model
was used for July and August and a six-source model for September and October.

2, 0–10 32, 26–39
0, 0–1 24, 23–26
6, 0–31 13, 0–34
3, 0–15 17, 0–37
3, 0–12 21, 0–45
10, 0–42 11, 0–36
10, 0–41 11, 0–35

1, 0–8 39, 34–46
0, 0–4 26, 23–33
9, 0–36
9, 0–30
8, 0–34
7, 0–28
7, 0–29 16, 0–39
10, 0–42 11, 0–36
10, 0–39 10, 0–33

Epilithic
algal
Cladophora

Table 6. Median and ranges of feasible percentage contributions (1st–99th percentile) of potential food
sources to the assimilated diet of A. plicata and E. dilatata. T = treatment area, C = control area, FL =
free-living, ND = no data.

ND
ND
0, 0–1
0
0
0, 0–3
0, 0–3

ND
ND
0, 0–2
1, 0–4
0, 0–1
0, 0–3
0, 0–3

DOM
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